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and {Department of Mechanical and Manufacturing Engineering, The University of Calgary, Calgary, Alberta, CanadaABSTRACT Impact loading of articular cartilage causes extensive chondrocyte death. Cell membranes have a limited elastic
range of 3–4% strain but are protected from direct stretch during physiological loading by their membrane reservoir, an intricate
pattern of membrane folds. Using a finite-element model, we suggested previously that access to the membrane reservoir is
strain-rate-dependent and that during impact loading, the accessible membrane reservoir is drastically decreased, so that
strains applied to chondrocytes are directly transferred to cell membranes, which fail when strains exceed 3–4%. However,
experimental support for this proposal is lacking. The purpose of this study was to measure the accessible membrane reservoir
size for different membrane strain rates using membrane tethering techniques with atomic force microscopy. We conducted
atomic force spectroscopy on isolated chondrocytes (n ¼ 87). A micron-sized cantilever was used to extract membrane tethers
from cell surfaces at constant pulling rates. Membrane tethers could be identified as force plateaus in the resulting force-
displacement curves. Six pulling rates were tested (1, 5, 10, 20, 40, and 80 mm/s). The size of the membrane reservoir, repre-
sented by the membrane tether surface areas, decreased exponentially with increasing pulling rates. The current results support
our theoretical findings that chondrocytes exposed to impact loading die because of membrane ruptures caused by high tensile
membrane strain rates.INTRODUCTIONOsteoarthritis (OA) is a debilitating disease of synovial
joints causing erosion of articular cartilage, changes in
bone quality, osteophyte formation, pain, and swelling. It
affects approximately half of people aged 65 and older
(1–4) and reduces their quality of life. Chondrocytes are
the only cell type in articular cartilage and they are respon-
sible for maintaining the integrity of the extracellular matrix
(ECM) (5). However, chondrocytes have a slow turnover
rate, and chondrocyte death after joint injury decreases the
number of active cells. This may trigger tissue degradation
as the remaining cells may not be able to maintain normal
tissue metabolism (6–9).
Although impact loading (loading applied in millisec-
onds) is known to lead to tissue damage and cell death pri-
marily in superficial zone cartilage (10–14), cells survive
loads that are equivalent in magnitude to those applied dur-
ing impact when these loads are applied slowly. Previous
studies have highlighted the significance of rate and magni-
tude of loading on chondrocyte death (10,15,16). Theoret-
ical studies indicate that cells subjected to physiological
cartilage compression tests (loading applied in seconds)
experience tensile membrane strains (17) and that tensile
membrane strain rates may hold the key to our understand-
ing of cell death by impact loading (17). Experimental work
on isolated cells suggests that 78% of cell compressiveSubmitted March 30, 2013, and accepted for publication August 26, 2013.
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0006-3495/13/10/1590/11 $2.00strain is required to rupture chondrocyte membranes,
thereby causing cell death (18). On the other hand, isolated
cell membranes of most cells only have an elastic range of
3–4% tensile strain (19–22), and they rupture beyond the
elastic limit. The fact that chondrocytes can deform substan-
tially and accommodate large tensile membrane strains, but
their isolated membranes rupture at very small strains, sug-
gests that chondrocytes must have other mechanisms to
cope with excessive tensile membrane strains.
Cell membranes behave as two-dimensional fluids with
negligible shear rigidity (23–25). Cell membranes have sur-
face folds, sometimes referred to as membrane reservoirs
(26,27), that are thought to unfold when membranes are
strained (26–28), thus preventing rupture, despite a limited
elastic range of the isolated membrane (19–22). Cell mem-
brane reservoir size, and thus the ability of cell membranes
to absorb strains without rupturing, have long been studied
using cell surface folds (27,29). However, Raucher and
Sheetz (26) suggested that the size of membrane reservoirs
could be quantified more accurately and reliably using the
so-called membrane tether formation technique. Membrane
tethers (sometimes also referred to as membrane tubes) are
formed when a cell membrane is brought into contact with
and allowed to adhere to a micron-sized probe that is sub-
sequently pulled away from the cell. The pulling force
required to elongate the tether remains constant for up to
several micrometers, until the contact between the tether
and the probe ruptures. The tether length before rupture re-
flects the size of the membrane reservoir from which thehttp://dx.doi.org/10.1016/j.bpj.2013.08.035
Chondrocyte Membrane Mechanics 1591lipids were able to feed into the tether (26,30). Three major
methods of membrane tethering have evolved: 1), micro-
pipette aspiration (31–33), 2), laser tweezers (26,34–36),
and 3), atomic force microscopy (AFM) (30,37). Each
method has a different range of force sensitivity, with micro-
pipette aspiration and laser tweezers sensitivities occupying
a relatively restricted range (0.01–100 pN) compared to the
large range offered by AFM (10 pN to 1000 nN) (38).
Quantifying the size of membrane reservoirs does not
explain on its own why chondrocytes die upon impact
loading but not during loading of equivalent magnitudes
applied at physiological rates. Using finite-element (FE)
analysis (17), we proposed that access to the membrane
reservoir was strain-rate-dependent and that during impact
loading, the accessible membrane reservoir is drastically
decreased, so that strain applied to chondrocytes is directly
transferred to the cell membrane, resulting inmembrane fail-
ure when strains exceed 3–4%. Conversely, at physiological
loading rates, membrane reservoirs can be exploited fully,
thereby protecting cell membranes from strains. However,
experimental evidence supporting these theoretical findings
is lacking. Therefore, the aim of this study was to measure
the size of the accessible membrane reservoir for different
cell-membrane strain rates using AFM. We hypothesized
that the accessible membrane reservoir decreases with
increasing strain rates. The results of this study may provide
novel insight into cell membrane behavior during impact and
physiological cell loading and may suggest a possible cause
for cell death of cartilage tissue at impact loading rates.METHODOLOGY
Cell isolation and cell seeding
Primary articular cartilage chondrocytes were isolated from
24-month-old bovine metatarsal phalangeal joints (n ¼ 12).
Full-thickness cartilage tissue was aseptically harvested
from the proximal surface of the joint and digested sequen-
tially using 10 ml of 20 U/ml pronase (P8811) for 1 h and
30 ml of 30 U/ml collagenase (C6885) for 14 h in a 5%
CO2-supplemented incubator at 37
C. The digestive en-
zymes were prepared in a culture medium, which consisted
of Dulbecco’s modified Eagle’s medium (DMEM; D5921)
supplemented with 20% fetal bovine serum (A15-301,
PAA Laboratories, Etobicoke, Ontario, Canada), 16 mM
HEPES (H0887), 1.6 mM L-glutamine (G7513), 160 U/ml
penicillin/160 mg/ml streptomycin (P4333), and 0.68 mM
L-ascorbate (A5960) (all purchases were from Sigma
Aldrich, Oakville, Ontario, Canada). After enzymatic diges-
tion, the digests were filtered through a 70 mm filter before
three repeated cell washes using the culture medium. Cell
suspensions with viability of >85% were cultured for 10–
11 days, with the culture medium changed every 2 days.
After that, cells were detached from the culture flask using
Accutase (A6964) and seeded on a 25-mm-diameter cover-glass in a serum-supplemented culture medium at a concen-
tration of 50,000 cells/ml for 24–48 h.Force spectroscopy by AFM
On the day of the experiments, the cell-seeded coverglass
was rinsed three times with a phosphate-buffered saline
(PBS) solution and mounted onto a custom-designed spec-
imen holder. The cell-seeded coverglass was immersed in
a PBS solution supplemented with 10 mM HEPES
(H0887) at 37C throughout the experiment to ensure
isotonic behavior of the chondrocytes. Force spectroscopy
was conducted on single cells (n ¼ 87) using AFM. The
AFM system consists of an AFM head (NanoWizard II,
JPK Instruments, Berlin, Germany) coupled to a CellHesion
module (JPK Instruments) that is mounted on an inverted
microscope (Zeiss Axiovert 200M, Carl Zeiss, Goettingen,
Germany). A liquid-adapted, gold-coated, silicon nitride
cantilever (BL-RC150VB, Asylum Research, Mississauga,
Ontario, Canada) with a blunt tip (tip radius, 30 nm) and
nominal stiffness of 30 pN/nm was connected to the AFM
head through a glass block. Each cantilever was calibrated
for its actual stiffness before the experiment using a thermal
noise amplitude analysis (39). Care was taken to ensure that
no air bubbles sat on the cantilever during the measure-
ments. The hydrodynamic drag forces were quantified by
measuring the force exerted on a nonadherent cantilever
during retraction at the pulling speeds used in this study.
All drag forces were measured under the specified experi-
mental conditions using PBS at 37C and starting from a po-
sition close to the coverglass.
During the experiments, the cantilever was moved toward
the cell surface at a speed of 2 mm/s until the cantilever tip
made contact and deformed the cell with the loading force
set to 1 nN. The cantilever tip was then kept at a constant
position for 20 s, after which the cantilever was retracted
from the cell surface at a constant speed (Fig. 1). The force
throughout the extension-retraction movement of the canti-
lever was recorded as a function of tip-cell distance. Force-
distance curves were obtained for six different retraction
speeds (1 mm/s, n ¼ 62; 5 mm/s, n ¼ 71; 10 mm/s, n ¼
36; 20 mm/s, n ¼ 50; 40 mm/s, n ¼ 47; 80 mm/s, n ¼ 10).
The six retraction speeds were applied at different spots
on the cell surface in a random sequence to avoid possible
ordering artifacts.Data analysis
Only force-distance curves in which all tethers were de-
tached from the cantilever tip upon full retraction of the
cantilever were used for analysis. Only force plateaus with
a slope of%1 pN/mm were considered as membrane tethers
(Fig. 1). The tether length was measured directly from the
force-distance curve as the length of the force plateau(s).
By assuming that the tethers that were extracted wereBiophysical Journal 105(7) 1590–1600
FIGURE 1 Force-distance curve obtained from a
single cell through force spectroscopy and sche-
matic illustrations of some important moments
during the force spectroscopy. The cantilever
approaches the cell and deforms the cell with an
initial force of 1 nN (orange curve; approach
from right to left). After maintaining contact with
the cells at a constant position for 20 s, the canti-
lever is retracted from the cell (red curve; retrac-
tion from left to right) at a constant velocity
(5 mm/s) while pulling on membrane tether(s)
(reflected as the force plateaus) from the cell mem-
brane. There are four tethers extracted simulta-
neously in the beginning of the tether formation
in this example, which is reflected by four force
plateaus (p1–p4, marked according to the time
sequence of their appearances). The deflection of
the cantilever is measured by a quadrant photode-
tector through laser light reflected from the back
of the cantilever and is used to measure force.
The parameters measured include the tether forma-
tion barrier force, fbarrier, tether length, ltether, force
step, fstep, and indentation depth, dindent. (Inset) Top
view of a cantilever held beside a chondrocyte that
spreads on a coverglass before force spectroscopy
measurement. To see this figure in color, go online.
1592 Moo et al.cylindrical (refer to the Discussion section), the tether
radius, rt, is related to the force required to pull the tethers,
ft (tether force, reflected by force steps after force plateaus in
the force-distance curve) (40) through
rt ¼ 2pk
ft
; (1)
where k is the membrane bending stiffness (0.2 pNmm) (32).
The extracted surface area of the tether was calculated as the
surface area of a cylinder (2prtltether).
Since 38% of the force-distance curves obtained showed
multiple tethers (reflected by multiple steps along the force
plateaus) (1 mm/s, n ¼ 31; 5 mm/s, n ¼ 32; 10 mm/s, n ¼ 12;
20 mm/s, n¼ 12; 40 mm/s, n¼ 16; 80 mm/s, n¼ 1), two sce-
narios were considered for calculation of the membrane
reservoir size in terms of tether length and tether surface
area: First, the last attached tethers, measured from the first
to the last apparent force plateaus, were used to represent the
total membrane reservoir size, with detached tethers consid-
ered to be recycled to support the elongation of the remain-
ing adhered tethers. Second, multiple parallel tethers during
the membrane tethering process were explicitly accounted
for, and recycling of detached tether(s) was neglected. The
retraction curve in Fig. 1 (red line) is redrawn in Fig. 2 toBiophysical Journal 105(7) 1590–1600help illustrate the membrane reservoir calculations. In the
last-attached-tether scenario, the membrane reservoir size
is represented by the total apparent length of the four
plateaus, and the tether radius is calculated from the force
step size (characterized by the steplike decrease in force)
after the last force plateau (Fig. 2). In the multiple-paral-
lel-tethers scenario, the four force plateaus represent an
initial simultaneous formation of four tethers. Each force
step after a force plateau was taken as the detachment of a
tether from the tip and was used to calculate the radii of
the tethers right before detachment. The size of the total
membrane reservoir was calculated as the accumulated
contribution from all tethers (Fig. 2). From the force-dis-
tance curves that contain multiple tethers, the size of the
last two attached tethers were compared with the size of
the last attached tether to investigate whether the detached
tether(s) is recycled to support the attached tether.
Other parameters measured were the bond survival
displacement, indentation depth, tether formation barrier
force, and the force steps. The bond survival displacement
is defined as the total displacement of cantilever from cell
during membrane-cantilever adhesion. The indentation
depth measures the amount of cell deformation in the verti-
cal direction resulting from the initial force of 1 nN. The
tether formation force barrier represents the maximum
FIGURE 2 Schematic illustration of membrane tether formation
observed from the force plateaus in the 5-mm/s retraction curve of Fig. 1
(red curve). There are four tethers formed simultaneously in the beginning
of tether formation. Force plateaus are marked as p1–p4. Each force step af-
ter a force plateau indicates detachment of a membrane tether from the AFM
cantilever tip. Each bar drawn represents a membrane tether before it is de-
tached from the cantilever tip. Membrane reservoir size is quantified either
by looking at the last attached tether (longest bar) or by accounting for mul-
tiple parallel tethers (summation of all the four bars). (Inset) The second-last
force drop is completed in 4.6 ms. To see this figure in color, go online.
Chondrocyte Membrane Mechanics 1593negative force during cantilever retraction and implies the
force needed to overcome the anchorage of the cytoskeleton
to the cell membrane (41). The barrier force was corrected
for the hydrodynamic drag forces generated during fast
movements of the cantilever in fluid. The force step repre-
sents the force needed to hold on to one membrane tether
(tether force) and is quantified in two ways: 1), as the size
of the last force step, and 2), as the average size of all force
steps after force plateaus.Statistical analysis
All data were expressed as the mean 5 SE. Means were
compared between different cantilever pulling speeds using
generalized estimating equations (SPSS 19, SPSS, Chicago,
IL) with Bonferoni post hoc adjustment (a ¼ 0.05).FIGURE 3 (a) Total tether length and (b) total tether surface area (repre-
senting the size of the accessible membrane reservoir) as a function of
cantilever retraction speeds. The length and surface area of the extracted
tether(s) were quantified using two different methods (see Methods section
and Fig. 2), and both methods showed a similar trend of decreasing values
with increasing pulling speeds. This finding suggests that access to the
membrane reservoir decreases with increasing tensile strain rates. *Signif-
icant difference in tether length/surface area compared to the tether length/
surface area extracted at 1 mm/s; ysignificant difference in tether length/sur-
face area compared to tether length extracted at 5 mm/s. To see this figure in
color, go online.RESULTS
The average stiffness of the cantilevers was 25.15 8.7pN/
nm. The hydrodynamic drag forces generated by pulling
speeds of 20 mm/s, 40 mm/s, and 80 mm/s were 18.4 pN,
33.8 pN, and 69.0 pN, respectively. Pulling speeds of 10
mm/s or less caused negligible hydrodynamic drag forces.
The initial application of 1 nN force to cells resulted in an
average indentation depth of 2.25 0.1 mm, 2.05 0.1 mm,1.95 0.2 mm, 2.15 0.1 mm, 2.05 0.1 mm, and 2.25 0.2
mm for pulling speeds of 1 mm/s, 5 mm/s, 20 mm/s, 40 mm/s,
and 80 mm/s. respectively. The size of the membrane reser-
voir decreased with increasing pulling rates for the two
methods used to quantify length and surface area of the
tether(s) (Fig. 3).
The total surface areas of the last two attached tethers
were similar to the surface area of the last attached tether
at all pulling speeds (except 5 mm/s) (Fig. 4 a). The bond
survival displacement is always longer than the last attached
tether, but they showed a similar decreasing trend with
increasing pulling speeds (Fig. 4 b). Furthermore, the
longest tether extracted at 40 mm/s is similar to the average
tether length extracted at 1 mm/s, suggesting that the mem-
brane-cantilever adhesion at high pulling speeds is strong
enough to sustain long tether growths.Biophysical Journal 105(7) 1590–1600
FIGURE 4 (a) Surface areas of the last two attached tethers relative to
the surface area of the last attached tether expressed as a function of retrac-
tion speed. The results were derived from force-distance curves that con-
tained multiple tethers. Except for the 5-mm/s condition, the surface areas
of the last two attached tethers were similar to the surface area of the last
attached tether at all pulling speeds. This result suggests that membrane
tethers detached from the cantilever tip are recycled to support the mem-
brane tethers that remain attached to the tip during extraction. (b) Pull-
ing-speed dependence of the longest tether observed at a particular
pulling speed (blue diamonds), average length of last attached tether (red
rectangles), and bond survival displacement (green triangles). Results for
speeds of 80 mm/s are not shown due to the small number of data points.
The bond-survival-displacement curve shows a similar trend, but is shifted
upward relative to the last-attached-tether curve. The longest tether
extracted at 40 mm/s is similar to the average tether length extracted at
1mm/s, suggesting that the membrane-cantilever adhesion at high pulling
speeds is strong enough for long tether growth. The short tether lengths
generally obtained at high speeds are more likely a result of the limited
access to the membrane reservoir. *Significant difference in tether surface
area calculated from the last two attached tethers compared with that calcu-
lated from the last attached tether. To see this figure in color, go online.
FIGURE 5 (a) Tether surface area normalized by bond survival displace-
ment as a function of pulling speeds (green triangles). After normalization,
the exponential decrease in tether area, A, as a function of pulling speed, v,
is maintained, and this behavior could be fitted by superposition of two
exponential functions, A ¼ 0.1719ev/4.78 þ 0.0513ev/55.56 (red curve,
R ¼ 0.99). Tether lengths normalized by bond survival displacement
(blue diamonds) showed a similar decrease with increasing pulling speeds,
but in a more irregular way. (b) Effect of normalization to the bond survival
displacement on the tether area-speed relationship. For comparison pur-
poses, the normalized fitted curve is rescaled by a factor of 20.88 to match
the original data (without normalization) at 1 mm/s. The normalization
shifts the curves upward at high pulling speeds but preserves the general
exponential pattern with increasing pulling speeds. To see this figure in co-
lor, go online.
1594 Moo et al.After normalization to the bond survival displacement,
tether surface areas, A, still showed an exponential decrease
with pulling speed, v (Fig. 5 a), and could be fitted well
by superposition of two exponential functions: A ¼
0.1719ev/4.78 þ 0.0513ev/55.56 (red curve, R ¼ 0.99).
The normalized tether length also showed a decrease with
increasing pulling speeds, but the relationship could not
be fitted well with exponential functions (Fig. 5 a). The
normalized tether areas were shifted upward at high pullingBiophysical Journal 105(7) 1590–1600speeds compared to the absolute tether areas, but the expo-
nential decay behavior with pulling speed was preserved
(Fig. 5 b).
When the lengths and surface areas of tethers were group-
ed by the number of coexisting tethers (represented by the
number of force plateaus observed in a force-distance
curve), it was found that the slow pulling speeds tended to
extract a higher number of membrane tethers compared to
the high pulling speeds (Table S1 in Supporting Material).
However, the length of the individual force plateaus was
not consistently related to pulling speeds.
The average tether forces, and the tether forces obtained at
the last force step, were similar for a given pulling speed
(Fig. 6 a). Tether forces, ft, increased nonlinearlywith increas-
ing pulling speed, v, and the relationship was fitted well by a
weak power law (red curve, R ¼ 0.99): ft ¼ 23.5(v  1.8)0.4
FIGURE 6 (a) Tether forces as a function of cantilever retraction speeds.
The tether forces, derived either from the size of the last observed force step
or from the average size of all force steps after force plateaus, increased
with increasing pulling speeds. The similarity of force for the average
and the last force step suggests that the force steps at a given pulling speed,
regardless of the tether length, were fairly uniform. (b) The tether force, ft
(from the average-of-all-force-steps values in a) depended nonlinearly on
the pulling speed, v, and the relationship was fitted well by a power law
(red curve, R ¼ 0.99) using the formula ft ¼ 23.5(v  1.8)0.4. The experi-
mental data shown by the blue diamonds are derived from the average of all
force steps. *Significant difference in tether force/radius compared to
the tether force/radius obtained at 40 mm/s. To see this figure in color, go
online.
FIGURE 7 Tether formation force barrier as a function of the cantilever
pulling speeds. Force barriers were measured as the maximum downward
force during cantilever retraction after correction for the hydrodynamic
drag forces, and they represent the membrane resistance contributed by
cytoskeletal-membrane adhesions, membrane bending stiffness, and cell
elasticity (38). Since the cell-tip contact area was kept approximately con-
stant across all experiments, the increase in barrier forces with increasing
pulling rates is a result of the pulling speed and implies a strain rate depen-
dency of the membrane tethering process. *Significant difference in tether-
formation barrier force compared to the barrier force observed at 40 mm/s.
Chondrocyte Membrane Mechanics 1595(Fig. 6 b). By assuming a bending stiffness of 0.2 pNmm and
applying Eq.1, the tether radii were found to decrease with
increasing pulling speed (42.9 5 2.1 nm, 31.3 5 2.0 nm,
27.9 5 2.4 nm, 20.0 5 1.6 nm, 15.1 5 1.1 nm, and 14.3
5 3.6 nm for pulling speeds of 1 mm/s, 5 mm/s, 20 mm/s, 40
mm/s, and 80 mm/s, respectively).
The tether formation barrier force, after correcting for the
hydrodynamic drag forces, increased from ~200 pN to ~900
pN when pulling speeds were increased from 1 mm/s to 80
mm/s (Fig. 7).DISCUSSION
The aim of this study was to evaluate the size of chondrocyte
membrane reservoirs accessible to cells for strain bufferingas a function of membrane strain rates (represented by the
AFM pulling speeds). Membrane tethers were extracted
from chondrocytes using AFM. Since chondrocytes are rela-
tively stiff cells (42), an AFM approach with a broader
force-sensitivity range was used to cope with the high forces
experienced during chondrocyte membrane tethering exper-
iments (up to 900 pN (Fig. 7)). A similar initial contact
between the AFM cantilever tip and the chondrocyte mem-
brane surface, obtained by using a constant depression force
and constant contact duration before AFM retraction, are
essential for the success of tether formation and the subse-
quent tether elongation (30,41). Since chondrocytes are
relatively stiff cells and only show noticeable deformations
at forces in the nano-Newton range (42), we established the
tip-cell contact using an indentation force of 1 nN and main-
tained the resulting indentation depth for 20 s. For these
conditions, cells were indented on average by 2 mm. It has
been previously shown that such a load does not damage
cells (42,43). By making contact with the cells in an iden-
tical manner for all experiments, we ensured that any
observed difference in membrane reservoir size represents
the membrane response to the different pulling speeds.
It is generally accepted that the formation of membrane
tethers indicates the existence of membrane reservoirs in a
cell (26,30,37,38,41). The force required to extend a tether
remains constant during tether elongation. The phospho-
lipids extracted into the membrane tethers come from the
cell membrane reservoir (26,44). Since chondrocytes have
a relatively smooth surface, the membrane reservoir likely
originates from surface invaginations (e.g., caveolae) (45).
In situ chondrocytes are subjected to compressive loading
during daily joint loading (46,47), and the cell membranesBiophysical Journal 105(7) 1590–1600
1596 Moo et al.experience tensile strains due to a change in cell shape to a
flatter shape (17). To accommodate these strains without
tearing cell membranes, cells accommodate shape changes
caused by loading by surface expansion through unfolding
of the cell membrane reservoir (Fig. 8). As such, membrane
tethering methods represent a way to quantify the size of the
membrane reservoir as tensile loads are applied at different
rates. Although intracellular vesicle fusion could be
involved in supporting the growth of membrane tethers in
active cells (e.g., neuronal growth cones), the relatively
high pulling rates (1–80 mm/s) used in our study are unlikely
to evoke such processes (35).
The tendency of membrane tension to minimize the mem-
brane surface area and the resistance of membranes to cur-
vature changes results in membrane tethers of tubelike
shape with diameters in the nanometer range (48). In addi-
tion, knowing that cytoskeletal filaments (49–51) and mem-
brane proteins (40) are not dragged into membrane tethers at
the pulling speeds used in this study (<100 mm/s), it is safe
to assume that the membrane tethers are only composed of
phospholipid bilayers and are cylindrical in shape.
As observed by others (30,31,37,52), multiple tethers can
be extracted simultaneously. The common practice for
measuring the size of membrane reservoirs is to quantify
the lengths of the force plateau(s) in a force-distance curve
(26,30). In the case of multiple tethers, the total apparent
length of the force plateaus (last attached tether) is used
for quantifying the membrane reservoir (30), as it isFIGURE 8 A chondrocyte image obtained through scanning electron
microscopy shows the surface folds of a chondrocyte membrane under
isotonic conditions. Schematic illustrations at right represent the magnified
area of a small part of the chondrocyte membrane and describe the idea of
membrane unfolding during cell compression, thus cushioning the tensile
membrane strain that might tear the cell membrane. The membrane folds
are known as the membrane reservoir (45). (The chondrocyte scanning elec-
tron microscopyimage is adapted from Guilak et al. (60), with permission).
To see this figure in color, go online.
Biophysical Journal 105(7) 1590–1600believed that tethers that are detached from the cantilever
tip will be reabsorbed to become part of the membrane
reservoir and support the elongation of the tethers that
remain attached (30,53). The diameter of tethers can range
from 10 to 100 nm (35,54). Therefore, a mere measurement
of tether length may not reflect the true membrane reservoir
size. As such, we quantified the surface area of membrane
tethers to obtain insight into the amount of membrane area
involved in strain buffering. The tether force and the mem-
brane bending stiffness are needed to derive the tether radius
(Eq.1). Although the force steps observed in the force-dis-
tance curves (Fig. 1) are used to represent the tether force
(30), the bending stiffness of chondrocyte membranes was
not measured in our experiments. The bending stiffness of
phospholipid bilayers depends on the composition and
structure of the membrane (34) and has been shown to range
from 0.11 to 0.5pN mm (32,33,55). The presence of choles-
terol and transmembrane proteins, as found abundantly
in chondrocyte membranes (25,56), likely increases the
membrane bending stiffness (33,36). Therefore, a bending
stiffness of 0.2 pNmm was chosen. This value likely repre-
sents the lower limit of the actual value and thus may result
in an underestimation of the membrane tether surface area,
because the surface area is proportional to the membrane
bending stiffness.
In this study, the size of the membrane reservoir was
measured in terms of length and surface area of membrane
tethers. For the purpose of comparison, we also studied the
membrane tether(s) 1), by only accounting for the last
attached tether, with consideration of the recycling of de-
tached tethers (30), and 2), by accounting for multiple coex-
isting membrane tethers without recycling of the detached
tethers (this results in an upper-limit estimate of the mem-
brane reservoir size). Regardless of the method used, we
found that the accessible size of membrane reservoirs
decreased with increasing pulling speeds (Fig. 3). This
result fits nicely with our previous theoretical work on the
causes of chondrocyte death during impact loading of artic-
ular cartilage, where we found that the tensile membrane
strain that is normally not harmful under physiological
loading conditions becomes harmful at impact loading rates
because the accessible membrane reservoir is vastly
decreased (almost zero) at membrane strain rates corre-
sponding to impact loading rates.
To understand whether tethers detached from the canti-
lever tip are recycled to support continual growth in length
of the tethers that remain attached, we studied the force-dis-
tance curves that contained multiple tethers and found that
the surface areas of the last two attached tethers were similar
to the surface areas of the last attached tether (Fig. 4 a). This
result suggests that the tethers that are detached from the
cantilever tip are used to support the elongation of the re-
maining attached tethers. Therefore, we believe that the
size of the membrane reservoir is best represented by the
surface area of the last attached tethers.
Chondrocyte Membrane Mechanics 1597It is possible that the decrease in tether surface area as a
function of pulling speed is associated with the force-
induced increase in the dissociation rates of the mem-
brane-cantilever adhesive bonds (57,58) that limit the time
for tether growth at high pulling speeds. These two effects
(force-induced decrease in bond lifetime and strain-rate
dependence of the accessible membrane reservoir) are
intrinsically coupled and are hard to tease out individually
in experiments. However, we provide some examples below
that suggest that depletion of the membrane reservoir, rather
than the force-induced decrease in bond lifetime, is the pri-
mary factor for the observed strain rate dependence of tether
surface area. First, we identified the longest tethers extracted
at each pulling speed to obtain the upper limit of the bond
lifetime expressed in terms of tether lengths (Fig. 4 b,
blue diamonds). Although tether lengths became smaller
with increasing pulling speeds, the length of the longest
tether extracted at a pulling speed of 40 mm/s (Fig. 4 b,
blue diamond) is similar to the average tether length
extracted at 1 mm/s (Fig. 4 b, red square), suggesting that
the membrane-cantilever nonspecific adhesions were dura-
ble and allowed for long tether growth at high pulling
speeds. Furthermore, we normalized the tether surface
area relative to the bond survival displacement to eliminate
the effects of bond lifetime on tether area calculations.
Although normalization leads to high tether-area values at
high pulling speeds (Fig. 5 b), the normalized curve still
shows the exponential decay in tether area with increasing
pulling speeds (Fig. 5 a). Finally, it has been reported in pre-
vious studies that tether length was independent of pulling
speed, even though the forces on the adhesive bonds
increased with increasing pulling rates (59). These examples
provide strong, albeit indirect, evidence that the strain-rate-
dependent access to the membrane reservoir is the main
factor contributing to the exponential behavior of tether sur-
face area.
We also found that the relationship between normalized
tether surface area and pulling speed is well fitted by two
superposed exponential functions (Fig. 5 a). Although the
exact mechanism of membrane reservoir access and utiliza-
tion is unknown, we believe that the initial resistance to
membrane ruffles unfolding increases drastically at high
strain rates, thus leading to an exponential decrease in
access to the membrane reservoir at high strain rates. How-
ever, the fitted equation suggested here is only applicable to
pulling speeds of R0.5 mm/s, as the success rate of tether
formation will decrease abruptly for pulling speeds
<0.5 mm/s (31,40). Although multiple tethers are more
likely at slow pulling speeds, the heterogeneity in individual
force-plateau lengths indicates that the membrane reservoir
is not uniformly distributed across the cell surface (Table
S1). This nonuniformity in membrane reservoir distribution
is expected, considering that the source of the membrane
reservoir (i.e., surface invagination) has an irregular shape
and a random distribution on chondrocyte membranes (60).Previous attempts at measuring the size of membrane res-
ervoirs using tethering experiments yielded varying tether
lengths, ranging from 3 to 20 mm (26,28,30,36,61). The
discrepancy in tether lengths is largely associated with dif-
ferences in membrane properties (e.g., bending stiffness),
macromolecules embedded in the membrane (e.g., trans-
membrane proteins and glycocalyx), and cell types (e.g.,
fibroblast, mesenchymal stem cells, endothelial cells, outer
hair cells, chondrocytes, etc.), as well as the pulling speeds
used (0.5–5 mm/s). However, our results (tether length of
~14 mm at 1 mm/s) (Fig. 3) are comparable with those
from previous studies using the same cell type and similar
pulling speeds (tether length ~17 mm at 0.7 mm/s) (61).
In a typical force-distance curve (Fig. 1), one or more
discrete force step(s) were observed. The size of the force
step represents the force needed to hold on to a membrane
tether (tether force) (30). When a tether is formed, the
involved cell membrane must be dissociated from the
anchorage of the underlying cytoskeletal network (49–51),
leaving an area of cell membrane free of cytoskeletal attach-
ments. Since the energy state of a bound membrane is lower
than that of an unbound membrane, the free phospholipids
drawn into the tether have a strong tendency to return to
the cell body to rebind with the cytoskeleton, which results
in a resisting force (35,62). Therefore, the tether force
represents primarily the cell-cytoskeleton adhesions, and
secondarily the membrane tension (44). In this study, the
tether force increased nonlinearly with increasing pulling
rates (Fig. 6 a), and the relationship fit well to a weak power
law (Fig. 6 b).
This suggests that cell membranes behave like a shear-
thinning/pseudoplastic fluid. The increasing shear forces re-
sulting from the increasing tether pulling speeds lead to an
alignment of most of the lipid molecules in the direction
of increasing shear. It is this decrease in viscosity at
increasing shear forces that leads to the power-law behavior
relating tether forces to pulling speeds. This shear-thinning
behavior was also observed in a previous study (31,63) and
suggests that the retrieval of the membrane reservoir is a
viscoelastic process.
Since the tether force is inversely proportional to the tether
radius (refer to Eq. 1) (40), the tether forces (Fig. 6) should be
taken into account when calculating tether surface areas.
However, the force steps observed in the force-distance
curves, which are taken as tether forces, could also represent
tether coalescence (or fusion). If tethers coalesce, the last
force step in the multiple-tether force curve would represent
the detachment of multiple coalesced tethers, making it
impossible to estimate individual tether radii. However, in
previous studies, no such tether fusion was observed when
two individual tethers were extracted from cells at an oblique
angle (64). If tethers had coalesced in our study, the coa-
lescing rate would have been ~80 mm/s (65). In our example,
the fusion-induced force drop for the last two attached
tethers with a length of ~25 mm would have taken ~310 msBiophysical Journal 105(7) 1590–1600
1598 Moo et al.(Fig. 2). However, the experimentally observed force drop
occurred in 4.6 ms (Fig. 2), thus rendering the possibility
of tether coalescence highly unlikely.
When membrane reservoirs were being extracted in our
study, the tether-formation force barrier also increased
with increasing pulling rates (Fig. 7). The tether-formation
force barrier represents the initial force needed to dissociate
the membrane from the attachment of the underlying cyto-
skeleton and to overcome membrane resistance to large cur-
vature changes during tether formation. This force barrier
depends on the tip-cell contact area (41). Since the contact
area is kept approximately constant during the experiment,
the change in force barriers observed is likely a speed-
dependent phenomenon.
Chondrocytes deform substantially during loading of
joints (47), causing elongations in cell membranes. There-
fore, it is important to know the amount of strain a cell
can absorb using the membrane reservoir before stretching
the membrane itself. We found that chondrocytes in the
superficial zone of articular cartilage have an apparent sur-
face area averaging 318 mm2 (neglecting the fine surface
folds). Accounting for the initial indentation depth (2 mm)
and the geometry of the cantilever tip used in this study,
the maximum contact area between AFM tip and cell is
~9.5 mm2 (Fig. 9). This initial contact area contains a local
membrane reservoir of ~4 mm2 when pulling at a speed of
1 mm/s (Fig. 4 b). Since the phospholipids flowing into the
membrane tether come from the adjacent region of the
membrane because of the adhesive interaction between
cytoskeleton and membrane proteins/lipids (44), and since
the last attached tether (a measure of accessible membrane
reservoir size) has a very small diameter of ~90 nm (See
result section), we assume that the 4-mm2 membrane reser-
voir is recruited from a 10-mm2 membrane surface adjacent
to the AFM tip, representing ~40% of the apparent mem-
brane area. Therefore, for cells with an apparent area of
318 mm2, we estimate that there is a membrane reservoir
of ~127 mm2 that allows for surface expansion without
stretching the cell membrane. This result explains why
chondrocytes can sustain slowly applied compressive strains
of up to ~80% without their membranes being ruptured (18).
The development of a pericellular matrix (PCM) during
the 24–48 h of cell seeding may introduce artifacts duringBiophysical Journal 105(7) 1590–1600membrane tethering through unfolding of the glycocalyx
(e.g., glycoprotein, glycolipids, proteoglycan, etc.) (66).
However, a previous study indicates that the PCM develop-
ment in the first three days of cell culture is minimal, and its
mechanical effects maybe neglected (67). Also, the contour
length of glycocalyx on the cell surface or in the pericellular
region is only 0.07–2 mm (66,68), which is much smaller
than the 14 mm observed here (Fig. 3). Furthermore, there
is a stark contrast between the unfolding of membrane in-
vaginations and the unfolding of protein domains. There is
a nonlinear increase in force during the unfolding of a
protein subdomain, with each complete unfolding of a pro-
tein subdomain (represented by a step) occurring at compa-
rable forces (69). This is not seen in our force-distance
curves (Fig. 1), where all the force plateaus exhibit a mini-
mal slope (%1 pN/mm) and every force step results in a
decrease in total force.
There are some limitations of the study presented here
that must be taken into account when interpreting our re-
sults. In the equation relating tether radius to tether force,
it is assumed that the initial membrane curvature is zero,
whereas this is likely not the case in reality. Neglecting
the spontaneous membrane curvature may lead to an overes-
timation of the tether radius (48), thus resulting in an over-
estimation of the membrane area of the tether. However,
since we assumed a relatively small membrane bending
stiffness, the size of the membrane reservoir obtained in
this study should be a reasonable estimate of the actual
reservoir. Also, isolation of chondrocytes from their native
environment results in a drastic change in morphology as
the cells spread on the coverglass during cell seeding,
with a corresponding reorganization of the cytoskeleton
(70). With currently available techniques, it is not feasible
to perform force spectroscopy on chondrocytes in their
native environment. However, the results shown here pro-
vide an approximation of the actual deformation conditions
of chondrocytes.CONCLUSIONS
In summary, to our knowledge, this study provides novel
insight into chondrocyte membrane reservoirs that are
accessible to the cells at different strain rates. As strainFIGURE 9 Schematic illustration of an AFM
cantilever tip indenting a chondrocyte with a force
of 1 nN. The cantilever tip is a hollow pyramid cut
in half. Under the initial indentation force of 1 nN,
the cell is deformed by 2 mm. The contact area be-
tween the tip and the cell (shaded area) is assumed
to consist of one-half hollow pyramid with a height
of 2 mm, and was calculated to be 9.53 mm2. To see
this figure in color, go online.
Chondrocyte Membrane Mechanics 1599rate increases, the size of the membrane reservoir accessible
for strain buffering decreases exponentially and thus pro-
vides less protection to rupture of cell membranes by tensile
stretch. These experimental results provide support for our
theoretical findings, which suggested that chondrocytes
exposed to impact loading die of tensile membrane rupture
because of the negligible size of the accessible membrane
reservoir for membrane strain buffering (17). In agreement
with previous studies (31,63), the retrieval of the membrane
reservoir is a viscoelastic process. Future studies may
involve imaging of chondrocyte surface folds before and
after mechanical compression using electron microscopy.
Previous studies used scanning electron microscopy to
investigate the effects of hypotonic challenges on chondro-
cytes and showed a marked decrease in surface folds due to
cell swelling under hypotonic conditions (60). If it can be
shown that membrane surface folds decrease during me-
chanical compression of cartilage, the idea of a membrane
reservoir, and the suggestion of cell death by membrane
rupture during impact loading, would be strengthened.SUPPORTING MATERIAL
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